
Cells rely on the correct readout, maintenance, repair 
and replication of genomic information. These are pro-
cesses that involve a stunning variety of carefully coordi-
nated and regulated molecular actors. Although many of 
the important players were identified decades ago, quan-
titative and mechanistic insight into their actions and 
interactions remains a challenge that has attracted scien-
tists from disciplines that neighbour molecular biology 
and biochemistry, such as biophysics, bioinformatics and 
nanoscience.

To obtain quantitative insight into genomic pro-
cesses, probing at the single-molecule level has proved to 
be very successful. For example, single-molecule meth-
ods can detect transient intermediates or rare events 
that are masked when ensemble techniques that average 
the behaviour of a large number of molecules are used. 
Single-molecule measurements require techniques that 
are capable of probing biological material with nano
metre-scale spatial and millisecond temporal resolution. 
Furthermore, techniques must be compatible with aque-
ous environments, as genomic processing takes place in 
the context of the living cell. Single-molecule methods 
now exist that reach this capability in a range of environ-
ments from simple saline solutions used for in vitro stud-
ies to the densely crowded environment of the living cell.

Using single-molecule approaches, a wealth of quan-
titative information on the activity of proteins involved 
in genome processing has been obtained in recent 
years. For example, experiments have allowed us to 
distinguish the different stepping motions used by heli-
cases, to witness the progress of RNA polymerase (RNA 
Pol) base pair by base pair and to follow the activity of 
the replisome in live cells in real time, to name but a few. 
Complementing excellent studies using bulk approaches 

that for reasons of space we cannot detail in this Review, 
the results of single-molecule studies have provided us 
with detailed mechanistic insight into the functions and 
mechanisms of motor proteins and have even found 
a major commercial application in single-molecule  
DNA-sequencing approaches (recently reviewed in 
REF. 1). Yet the field is by no means mature. Single- 
molecule studies are increasingly going ‘beyond  
single molecules’. Experiments are beginning to address 
multi-component systems and their mutual interac-
tions: for example, they study more than the interaction  
of a single protein with DNA. This development has 
gone hand‑in‑hand with the ability of techniques to 
detect different molecular components simultaneously 
and to carry out many single-molecule experiments 
in parallel, allowing high-throughput data collection 
while still resolving the fundamental behaviour of  
individual molecules.

In this Review, we provide an introduction to single-
molecule approaches to study genomic processes and 
highlight examples of insights obtained using these 
methods. We first focus on transcription and transla-
tion, then highlight recent progress in studying RNA 
export and splicing and conclude by demonstrating the 
dynamics of protein–protein interactions in replication. 
Other areas of genome processing that have benefited 
from the single-molecule approach include DNA repair 
and recombination, and these have been reviewed else-
where2,3. As it is possible to monitor the motion of a sin-
gle biological molecule both in vitro as well as inside a 
living cell, we compare and contrast genome processing 
in these two different contexts. Throughout, we indicate 
how specific insights rely on the capabilities afforded by 
single-molecule methods.
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Replisome
A multi-protein complex that 
carries out DNA replication.
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Abstract | To understand genomic processes such as transcription, translation or splicing, 
we need to be able to study their spatial and temporal organization at the molecular level. 
Single-molecule approaches provide this opportunity, allowing researchers to monitor 
molecular conformations, interactions or diffusion quantitatively and in real time in purified 
systems and in the context of the living cell. This Review introduces the types of application 
of single-molecule approaches that can enhance our understanding of genome function.
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Tethered particle motion
(TPM). A single-molecule 
technique that uses tethered 
beads to study biological 
molecules in the absence of 
any externally applied force. 
Changes in the average 
position of the bead can report 
on changes in tether length 
and hence on enzyme activity.

Measuring at the single-molecule limit
Although achieving the single-molecule limit is in and 
of itself fairly straightforward (for example, by sufficient 
dilution of a molecular sample), the challenge has always 
been how to observe or to manipulate single molecules. 
Signals are inevitably weak, and the measurement appa-
ratus is always macroscopic. Techniques such as electron 
microscopy4–6 and patch clamp detection7 were early 
advances along these lines. In this Review, we focus on 

the principal single-molecule techniques that are used 
for the study of genome processing: namely, force spec-
troscopy (BOX 1) and fluorescence spectroscopy (BOX 2). 
The developments of atomic force microscopy, video-
based tethered particle motion (TPM) and optical and 
magnetic tweezers have formed the key methodological 
advances in force spectroscopy. Optical and magnetic 
tweezers in particular have succeeded in combining 
great flexibility in terms of molecular manipulation with 

Box 1 | Single-molecule force-manipulation techniques

A range of techniques can be used to apply forces (and, in 
some cases, torques) to individual molecules or molecular 
assemblies115–117. These single-molecule manipulation 
techniques rely on specifically attaching the extremities 
of the molecule (or molecules) of interest between a 
surface and a force transducer: for example, to a 
magnetic or dielectric bead or a cantilever used in atomic 
force microscopy (AFM)117. Specific attachment is 
accomplished by means such as biotin–streptavidin 
linkage, thiol bonds or antibodies.

In magnetic tweezers (panel a of the figure), 
permanent or electrical magnets are used to manipulate 
surface-tethered magnetic beads by controlling the 
external fields. The force (shown by the ‘F’ in the figure) 
on the magnetic beads depends on the gradient of the 
magnetic field118. In addition to forces, magnetic 
tweezers can also routinely apply torques by rotating the 
magnetic fields82,119. In flow–stretch experiments (panel 
b), liquid flow exerts drag forces on tethered beads120. 
The force can be controlled by adjusting the flow rate. 
In AFM, forces are applied to individual molecules 
tethered between a functionalized AFM cantilever and a 
surface117,121 (panel c). Optical tweezers hold a dielectric 
particle or bead in the focus of an intense laser 
beam117,122,123 (panels d–f). Common optical tweezers 
geometries have one end of a nucleic acid tether 
attached to a bead held in an optical trap while the other 
end is attached to either the surface (panel f) to another 
optically trapped bead (panel e, a so‑called dumb-bell or 
dual-bead assay) or to a bead held in a micropipette 
(panel d). In flow–stretch and magnetic tweezers 
set-ups, the tether extension is typically monitored by 
charge-coupled-device-camera-based tracking of the 
bead positions. In optical tweezers or AFM, the laser 
signal is usually read out with a position-sensitive device 
or quadrant photodiode121,122. Flow–stretch and 
magnetic tweezers intrinsically operate in constant 
force mode: that is, for a given setting of the flow speed 
or magnetic fields, the stretching force exerted on the 
tether is (nearly) constant. By contrast, optical tweezers 
and AFM intrinsically control the extension by 
controlling the position of the optical trap or cantilever. 
Constant extension techniques can be operated in 
(approximately) constant force mode by using feedback 
control or by exploiting trap nonlinearities124. All four 
techniques can apply forces in the pico-Newton (pN) to 
tens of pN range (panel g), which is suitable for studying 
biological processes at the molecular scale (for example, 
the stall force for polymerases is in the range of 10 pN). 
AFM measurements are at the high-force end on this 
scale, whereas magnetic tweezers are particular 
well-suited to accurately applying and measuring very 
low forces117.
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Box 2 | Fluorescence microscopy

Fluorescence microscopy is a versatile, widely used tool for studying 
biological processes both in vivo and in vitro. It relies on the fact that 
molecules can emit light after they have absorbed it at a different (typically 
shorter) wavelength. The efficiency of this process depends on the type of 
molecule used. Many different kinds of fluorescent probes are available 
and each has its own specific set of characteristics125–127. They can be 
divided into two broad classes: fluorescent proteins, which are a common 
choice for live-cell imaging126, given their high specificity; and organic 
dyes, which have a greater brightness but suffer from lower specificity 
inside living cells.

In addition to the choice of the fluorophore, an important consideration 
is the excitation method used. Panel a of the figure shows four frequently 
used excitation strategies: wide-field, confocal, total internal reflection 
fluorescence (TIRF) microscopy and zero-mode waveguides (ZMWs). These 
methods differ from one another by the excitation volume, shown here in 
green. In wide-field microscopy, the sample is excited by a nearly collimated 
light beam. Out‑of‑focus fluorophores are also excited, increasing the 
background noise and rendering probe localization more difficult. Confocal 
microscopy reduces the excitation volume by using a focused laser beam 
and a spatial filter in front of the detector to eliminate any out‑of‑focus 
fluorescence light. Both TIRF microscopy and ZMWs use evanescent waves 
to reduce the excitation volume, making it possible to excite only molecules 
that are within ~100 nm of the surface and as such substantially reducing 
the background fluorescence128. In ZMWs, the excitation volume in the 
imaging plane is further restricted compared to TIRF microscopy by making 
use of nanofabricated structures with typical dimensions of ~100 nm (inset). 
An important parameter in determining the most suitable technique is the 
required concentration of fluorescently labelled components. For example, 
physiologically relevant ligand conditions are preferred for studies of 
enzymatic activity. Higher concentrations of a fluorescently labelled ligand 
result in higher background fluorescence and, consequentially, an increased 

need to reduce the excitation and detection volumes. On the left of panel 
a are indicated the typical concentrations of fluorophore-labelled 
molecules (ranging from pM to μM) that can be investigated with these 
respective techniques.

Fluorescence excitation of individual fluorophores gives rise to diffraction-
limited spots that can be detected with sensitive detectors, typically elec-
tron-multiplying charge-coupled-device cameras or photodiodes. The 
position of these fluorescent foci can be determined using single-molecule 
localization methods with an uncertainty in the nanometre range 
(depending on the signal‑to-noise ratio of the measurement). 
Single-molecule localization involves fitting the spatially distributed 
intensity of the detected fluorescence spot to a mathematical function 
(typically a Gaussian function) to determine its centre (panel b)129–132. The 
newly developed super-resolution techniques (which were recently 
reviewed in REFS 133,134) have developed ways of successively localizing 
neighbouring molecules to build up an image with resolution beyond that 
permitted by the Rayleigh criterion.

The preferred microscopy method is highly dependent on the type of 
investigation. Low background techniques, such as TIRF and confocal 
microscopy, are commonly used to probe three-dimensional conformational 
changes. This can be done in combination with Förster (fluorescence) 
resonance energy transfer (FRET). FRET is based on the non-radiative energy 
transfer between so‑called donor (green) and acceptor (red) fluorophores in 
close proximity17 (panel c). Following excitation, the donor molecule can 
non-radiatively transfer its energy to a sufficiently close acceptor molecule, 
resulting in a decrease in the (green) donor fluorescence signal and a 
concomitant increase in the (red) acceptor fluorescence signal. Monitoring 
the degree of energy transfer reports on the distance and dynamics of  
intra- and intermolecular interactions on the sub‑10 nm scale135.

Please note that the diagrams are not drawn to scale and are meant for 
illustration purposes only. AU, absorbance units.
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Evanescent waves
Parallel optical waves with an 
exponentially decaying 
intensity that occur near a 
surface when incident light 
impinges at an angle greater 
than the critical angle for 
refraction.

Rayleigh criterion
Quantifies the minimum 
resolvable distance between 
two objects that fluoresce at 
the same wavelength. This 
distance equals roughly half 
the wavelength of light.

RNA polymerase 
holoenzyme
The initiation complex 
composed of the RNA 
polymerase core enzyme and 
the σ-initiation factor.

σ54
One of the initiation factors 
that can bind to 
Escherichia coli RNA 
polymerase during initiation to 
allow it to recognize a specific 
promoter sequence.

σ70
The most common and most 
widely studied initiation factor 
that can bind to 
Escherichia coli RNA 
polymerase during initiation to 
allow it to recognize a specific 
promoter sequence.

high spatial and temporal resolution. The development 
of optical methods to visualize individual molecules8,9, 
the introduction of genetically encodable fluorophores, 
such as GFP10, and the introduction of fast detectors and 
sensitive cameras have been key to the widespread use of 
fluorescence spectroscopy. Indeed, using this approach it 
has now become routine to monitor the motion of indi-
vidual molecules of different types within living cells.

There are many possible reasons for choosing single-
molecule methods to study genomic processes. Most 
obviously, they allow re‑examination of known biologi-
cal processes in real time directly as they occur. In many 
cases, the high spatial and temporal resolution afforded 
by single-molecule techniques has made it possible to 
gain unique insight into enzymatic dynamics. This has 
particularly been the case for studies of genome process-
ing, in which the ~3 Å base pair spacing sets a critical 
length scale. Importantly, single-molecule techniques 
provide inherent synchronization, in the sense that the 
starting point of enzymatic activity is always known. 
Hence, the signals of molecular activities are not affected 
by averaging asynchronous events. For example, stud-
ies of the repetitive cycles of elongation in transcription, 
translation and replication benefit from this lack of aver-
aging. Additionally, when studying biological systems 
of considerable compositional complexity (for example, 
the ribosome and its associated factors), single-molecule 
techniques can permit the selection, and hence the study, 
of correctly assembled complexes only. Finally, the sheer 
diversity of parameters that can be measured by single-
molecule techniques — such as enzymatic stall forces11, 
backwards motion of an enzyme along a DNA template12, 
the presence of friction during enzyme motion13,14 and 
many more — has also played an important part in their 
wide acceptance.

Transcription
Our understanding of the key molecular motor that 
powers transcription, RNA Pol, has been greatly 
advanced by single-molecule methods. Following the 
lead of initial single-molecule work on Escherichia coli 
RNA Pol15, studies have primarily focused on bacterial 
systems, but more recently eukaryotic RNA Pol II has 
also been examined.

Initiation. In bacteria, an important step in transcrip-
tion initiation is the transition from the so‑called closed 
promoter complex to the open promoter complex, a pro-
cess in which the RNA polymerase holoenzyme (RNA Pol 
holoenzyme) locally melts the DNA. The value of in vitro 
multicolour single-molecule total internal reflection flu-
orescence (TIRF)-microscopy-based assays (see panel 
a of the figure in BOX 2) is shown by a study that sheds 
light on the various substeps of this transition and their 
dynamics for the case of transcriptional regulation by 
σ54 (REF. 16). Such an approach is widely applicable and 
provides large data sets that report on the association 
and dissociation of multiple, differentially labelled mol-
ecules in a single experiment. The low dissociation rates 
between σ54, E. coli RNA Pol and DNA mean that fairly 
low concentrations of labelled molecules could be used 

(because the molecules could ‘wait’ for the arrival of a 
labelled component), and thus this facilitated the obser-
vation of individual molecules using TIRF microscopy 
(BOX 2). The authors observed that the transition from an 
unbound E. coli RNA Pol to a closed promoter complex 
can be decomposed into two substeps, each of which 
is characterized by its own lifetime, and the rate of the 
second substep is rate-limiting for the overall transition 
into the open promoter complex. They further deter-
mined that in the presence of competing processes, such 
as dissociation, on average 30 attempts are necessary for 
E. coli RNA Pol to reach the open promoter complex. 
Interestingly, these studies showed that the dynamics of 
the σ54‑dependent initiation pathway differ substan-
tially from those of the more common σ70‑dependent 
pathway but closely resemble eukaryotic pathways.

Single-molecule Förster (fluorescence) resonance 
energy transfer (smFRET)17 (see panel c of the figure in 
BOX 2) and magnetic tweezers18 (see panel a of the figure 
in BOX 1) have been used to distinguish between three 
different models proposed for the transition of the E. coli 
RNA Pol holoenzyme from initiation into elongation: 
transient excursion (in which E. coli RNA Pol diffuses 
back and forth on the DNA between subsequent abor-
tive initiations); inchworming (in which E. coli RNA Pol 
stretches further along on the DNA template with each 
successive ribonucleotide incorporation, followed by 
subsequent release); and scrunching (in which the DNA 
transcription bubble increases in size with each successive 
ribonucleotide incorporation, followed by subsequent 
release). To probe these different possibilities, smFRET 
was used with several dye-labelling strategies17 (FIG. 1A,B). 
For example, labelling the trailing edge of E. coli RNA Pol 
and the upstream template DNA enabled the authors to 
monitor the relative distance between these molecules; 
as this distance did not change, they were able to dis-
card the transient excursion model. Labelling the trailing 
edge of E. coli RNA Pol and the DNA downstream from 
the promoter revealed that their relative distance was 
unaltered during the transition into elongation, hence 
the inchworming model was similarly ruled out. Finally, 
by labelling the leading edge of E. coli RNA Pol and the 
upstream DNA, the authors showed that 7–9 base pairs 
are scrunched before elongation. A study that analysed 
promoter unwinding on supercoiled DNA in magnetic 
tweezers reached similar conclusions18. Eukaryotic RNA 
Pol II initiation has also been studied using an smFRET-
based triangulation approach to observe the transition 
from the open complex conformation into elongation19. 
By labelling RNA Pol II, the DNA template and several 
transcription factors, the authors observed a large con-
formational change of the initiation complex during the 
transition from initiation into elongation, which is facili-
tated by the intrinsic flexibility of eukaryotic transcription  
factor IIB (TFIIB)19.

Elongation. Single-molecule studies of elongation have 
revealed the rich dynamics of nucleotide incorporation, 
in particular, the presence of various kinds of pauses, and 
here we note a few examples to show the types of applica-
tion of these methods. The first in vitro single-molecule 
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studies of RNA Pol (which used TPM) revealed het-
erogeneities in RNA Pol velocity15. Since then, studies 
of elongation have primarily relied on optical tweezers 
(FIG. 1C) and have benefited from the high spatiotemporal 
resolution that can now be achieved — single base pairs 
in a 1‑second bandwidth20 (FIG. 1D). Such studies of tran-
scription dynamics have highlighted how RNA Pol pro-
gression is interrupted by different kinds of pauses21–26. 
For example, studies in which an assisting force was 
applied to E. coli RNA Pol using optical tweezers (FIG. 1Ca) 

showed that pauses occur at rates that are sequence- and 
force-dependent and have durations that are exponen-
tially distributed and independent of the magnitude 
of the applied force22,27. Such exponentially distributed 
pauses could be modulated by the presence of co‑tran-
scriptional factors, such as NusG (which decreases the 
pause density28) and NusA (which increases the pause 
density27). Conversely, the application of an opposing 
force on E. coli RNA Pol resulted in the observation of 
long pauses attributed to backtracking23,29. Backtracking 
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Figure 1 | Studies of RNA polymerase at the single-molecule level.  A | A schematic of a small-molecule Förster 
(fluorescence) resonance energy transfer (smFRET) experiment in which the polymerase and the DNA template strand 
are labelled by an acceptor and a donor fluorophore, respectively17. B | Representation of the results from this 
experiment. At the start of the reaction, the FRET signal is weak (a). Subsequent advancement by Escherichia coli RNA 
polymerase (RNA Pol) results in higher FRET efficiency, as shown by the shift in the distribution (b). Even small 
structural changes in the E. coli RNA Pol can be monitored in this way. C | An example of a force spectroscopy 
experiment that relies on a dumb-bell assay in an optical trap to monitor transcription. The direction of E. coli RNA Pol 
motion is indicated by the arrows. Note that force can applied in different ways: to the upstream DNA template as an 
assisting force (a; a force applied to the downstream DNA template (not shown) would provide an opposing force);  
or to the synthesized mRNA (b). D | The observation of transcription elongation by a single E. coli RNA Pol at base-pair 
resolution. Raw data are shown in red, and smoothed data are shown in black. The horizontal lines are spaced by the 
distance between nucleotides. E*, efficiency of donor–acceptor energy transfer. Data in panels Ba and Bb are  
taken from REF. 17. Panel C is modified, with permission, from REF. 34 © (2008) Elsevier. Panel D is modified, with 
permission, from REF. 20 © (2005) Macmillan Publishers Ltd. All rights reserved.
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Elongation factor G
(EF-G). A factor that provides 
the bacterial ribosome with the 
necessary energy (derived from 
GTP hydrolysis) required to 
translocate along the mRNA.

involves backwards diffusion of RNA Pol on its template 
while part of the mRNA is extruded, and it is facilitated 
by nucleotide misincorporation23. However, studies of 
E. coli RNA Pol disagree on the relative contribution  
of backtracking pauses versus exponentially distributed 
pauses23,24,26. To obtain a unified model of E. coli RNA 
Pol elongation, it will be necessary to address the fact 
that the lifetime of the shortest pauses is comparable 
to the typical bandwidth of optical tweezers (both are 
~1 second): either the experimental spatiotemporal 
resolution must be further increased, or more accurate 
analysis methods that can reliably distinguish pauses 
from elongation steps must be implemented. In both 
cases, increasing the size of data sets collected by single-
molecule experiments will permit more stringent tests 
of different models25,30,31.

Follow‑up in vitro studies with optical tweezers have 
further investigated backtracking: for instance, transcrip-
tion factors GreA and GreB, which cleave the protruding 
mRNA strand, were found to rescue backtracked RNA 
Pol23, suggesting a possible proofreading mechanism. 
Additionally, the role of backtracking in the dynamics of 
eukaryotic polymerases has been investigated: work on 
RNA Pol II showed that its pause dynamics are dominated 
by backtracking to the extent that RNA Pol II cannot over-
come forces beyond 8.5 pN24. Interestingly, the addition of 
TFIIS (a eukaryotic transcription factor that acts similarly 
to GreA and GreB) rescued backtracked RNA Pol II and 
permitted it to overcome forces of up to 16.5 pN. Finally, 
it has been shown that RNA Pol II backtracking becomes 
more likely in the vicinity of a roadblock such as a nucleo-
some32 and that overcoming such a barrier requires the 
aid of thermal fluctuations. It is expected that the appli-
cation of these in vitro single-molecule techniques will 
continue to shed light on the mechanistic details of how 
RNA Pol progresses in conjunction with the other factors 
involved in transcription.

To see whether similarly rich dynamics of RNA Pol 
occur in vivo, the dynamics of RNA Pol II in mammalian 
cells were studied by fluorescently labelling RNA Pol II 
and simultaneously monitoring an mRNA stem–loop 
that is specifically recognized by a GFP-labelled pro-
tein33. Using this approach, the authors observed that 
the rate-limiting step in transcription is the transition 
between initiation and elongation (RNA Pol II tran-
scribed the complete gene in only one-ninetieth of cases) 
and that transcription is interrupted by long pauses that 
are probably related to backtracking. Although these 
long pauses are rare (only 4.2% of the polymerases are 
affected), they nonetheless have a substantial impact, as 
their cumulative duration can be to halve the total elon-
gation time. Curiously, the pause-free elongation speed 
observed in vivo (~70 bp s−1 after the long pauses have 
been removed) was substantially higher than the corre-
sponding value observed by in vitro (~15 bp s−1). Whether 
this can be attributed to a lack of assisting transcription 
factors in in vitro assays or to the reduced temporal reso-
lution of the in vivo experiments remains to be deter-
mined. Nonetheless, the in vitro and in vivo approaches 
yield complementary insights that are relevant  
for our understanding of this complex enzyme.

Termination. Optical tweezers have been useful for 
studying the different pathways underlying the termina-
tion of transcription34. By applying a force directly to the 
mRNA transcript generated by E. coli RNA Pol (FIG. 1Cb), 
it was possible to investigate the efficiency of termina-
tion for various termination sequences that encoded 
mRNA hairpins. Using this approach, it was determined 
that destabilization of the mRNA–DNA hybrid may be 
induced by a shearing mechanism induced by the hair-
pin. The degree of shearing, and hence the efficiency 
of termination, could be enhanced by shortening the 
hybrid, whereas it could be decreased through the pres-
ence of additional secondary structures that interfered 
with proper folding of the hairpin. However, we note that 
this result contradicts the results of a previous biochemi-
cal study35 that suggested that the elongation complex is 
destabilized by the melting of 2 or 3 nucleotides upstream 
of the mRNA–DNA hybrid in the absence of any shear-
ing. Further studies under applied loads may remain  
necessary to distinguish between these two models.

Thus, we see that optical tweezers can probe the activ-
ity of RNA Pol by using an application of force to perturb 
its local energy landscape, and smFRET studies report 
on the kinetics of molecular conformational changes. 
Integration of the two approaches is likely to be able to 
determine whether pausing is predominantly a template-
related process or whether it is a direct consequence of 
conformational changes in the enzyme. Future efforts to 
unravel the dynamics of co‑transcriptional phenomena 
such as translation or splicing warrant further application  
of single-molecule techniques.

Translation
Single-molecule approaches are useful for the study of 
movements within molecular complexes, as demon-
strated by studies of structural changes in the E. coli ribo-
some. These structural rearrangements involve motions 
on a size scale that is perfectly suited to smFRET meas-
urement36, and this approach adds dynamic information 
to the structural snapshots deduced by X‑ray crystallog-
raphy or cryo‑electron microscopy (cryo-EM). In addi-
tion, insights into the interaction of the E. coli ribosome 
with mRNA during elongation have been obtained using 
optical tweezers.

Initiation and elongation. To demonstrate how smFRET 
has enhanced our understanding of the motion of ribo-
somal subunits, we consider the results from three sepa-
rate studies. In the first study37, the two subunits of the 
E. coli ribosome (namely, 50S and 30S) were labelled 
with donor and acceptor dyes, respectively, and their 
interaction with initiation factor IF2 was studied. It was 
found that the association of the large subunit with the 
pre-initiation complex could be accelerated by IF2 by a 
factor of four. The authors determined that IF2 subse-
quently hydrolyses a single GTP to align the 30S subunit 
with the 50S subunit by rotating it with respect to the 
50S. This rotation brings the ribosome into the elonga-
tion state. A related study38 showed that this anticlock-
wise rotation did not require the presence of elongation 
factor G (EF-G), which supplies the necessary energy for 
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ribosome translocation via GTP hydrolysis. The rota-
tion itself is thermally driven, but it is stabilized in a 
pre-translocation (that is, rotated or ‘unlocked’) state by 
EF-G binding after peptide bond formation. Subsequent 
GTP hydrolysis by EF-G propels the ribosome into the 
‘locked’ (non‑rotated) state to drive ribosome transloca-
tion. A third smFRET experiment then demonstrated 
multiple cycles of high-to-low FRET efficiency in a sin-
gle trace39, reflecting the successive anticlockwise rota-
tions of the 30S subunit with respect to the 50S subunit 
required to incorporate multiple amino acids (FIG. 2a). 
These observations are in accordance with structural 
information from cryo‑EM studies and with additional 
smFRET studies that used the fluctuations in the posi-
tions of labelled tRNA within the ribosome as their 
readout40.

The direct observation of translocation by the ribo-
somal molecular motor during elongation has been a 
longstanding challenge. It was overcome by using an 
optical tweezers assay that exploited the ability of the 
E. coli ribosome to unwind mRNA hairpins41 (FIG. 2b), 
and it demonstrated that the elongation velocity is 
strongly influenced by the stability of the mRNA sec-
ondary structure. More recent investigations by the same 
group using hairpins with a differing GC content showed 
that the ribosome uses two distinct mechanisms: inter-
action of ribosomal proteins S3 and S4 with the mRNA 
backbone opens weak secondary structures, whereas 
a lever mechanism involving a tRNA–mRNA interac-
tion and GTP hydrolysis (supplied by EF-G) opens 
strong secondary structures, as previously suggested by 
cryo‑EM studies42. Detailed knowledge of the unwind-
ing mechanism of the ribosome is important in the con-
text of ribosomal frame shifting, in which interactions 
between the ribosome and particular mRNA sequences 
shift the mRNA reading frame by a single nucleotide. 
Investigation of frame shifting will thus provide a natural 
follow‑up to these studies.

Recently, it has become possible to observe riboso-
mal elongation by fluorescence detection, using zero-
mode waveguides (ZMWs) (see panel a of the figure 
in BOX 2) to detect individual labelled tRNAs above 
background fluorescence at physiological concentra-
tion43. Using this approach, the E. coli ribosome was 
tethered at the bottom of the ZMW by an mRNA tem-
plate44, and three different tRNAs (namely, lysine-tRNA,  
phenylalanine-tRNA and N‑formylmethionine- 
tRNA) were labelled with different colours. Because a 
ribosome must contain the tRNAfMet to enter elongation, 
detection of its associated colour could identify tethered 
ribosomes in the ZMW. Subsequent incorporation of 
the other two labelled amino acids was then monitored 
by measuring the dwell times of tRNAs in the ribo-
some for a total of 12 amino acid incorporation events. 
Interestingly, the authors observed that the ribosomal A 
and E sites almost never simultaneously contain a tRNA: 
most frequently, only the A and P sites contain tRNAs, as  
the exit of a tRNA from the ribosome occurs rapidly 
after translocation has taken place45. Future studies 
could use the ZMW approach together with labelled 
tRNA to observe more complex tRNA dynamics: for 
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Figure 2 | Studies of the ribosome and translation at the single-molecule level.   
a | Study of the dynamics of the ribosomal subunits over multiple elongation cycles. 
The two ribosomal subunits are labelled with dyes for single-molecule Förster 
(fluorescence) resonance energy transfer (smFRET; small subunit labelled with donor, 
green circle; large subunit labelled with acceptor, red circle), as shown in the inset.  
A high signal in the green trace implies an increased distance between the dyes,  
and a high signal in the red trace implies a decreased distance. At the start of the 
experiment, the labelled 30S subunit is bound to the tethered mRNA, and the labelled 
50S subunit is flushed into the flow cell. At t ~30 s, initiation is clearly visible by  
the first appearance of a signal from the acceptor dye (red trace). At each step of the 
elongation cycle, the rotation of the large subunit with respect to the small subunit 
was monitored, represented by the signal of the donor (green trace) and the 
acceptor (red trace). The accompanying mechanical motions within the ribosome  
are depicted in the inset from two perspectives: a side view showing the tRNA 
translocation and a bottom view in which subunit rotation is visible. The three yellow 
slots represent (from right to left) the ribosomal A, P and E sites. b | A schematic of a 
force spectroscopy study of ribosome translation dynamics. Here, the ribosome 
unwinds and translates an mRNA hairpin held at its extremities by two beads, one  
of which is maintained in an optical trap. Panel a is modified, with permission, from 
REF. 39 © (2008) Macmillan Publishers Ltd. Panel b is modified, with permission,  
from REF. 41 © Macmillan Publishers Ltd. All rights reserved.
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Ribosomal A, P and E sites
The aminoacyl, peptidyl and 
exit sites of the ribosome, 
respectively, which are the 
three different binding sites of 
tRNAs.

Nucleoporins
Proteins that comprise the 
nuclear pore complex.

Super-registration 
microscopy
The use of fluorescence 
microscopy to localize 
fluorescent probes as 
described in Box 2 in a way 
that accurately registers the 
relative positions of labels that 
fluoresce in different colours.

example, during frame shifting or in the presence of high  
concentrations of acylated tRNAs.

Termination and protein folding. Translation termina-
tion is a multi-step process involving numerous fac-
tors for which the dynamics have been studied using 
smFRET. Such experiments have provided detailed 
mechanistic insights into the association of release fac-
tors with the E. coli ribosome and into the specific posi-
tion of the large ribosomal subunit with respect to the 
small subunit at each step of termination46. The influ-
ence of the ribosome on protein folding has also been 
the subject of a recent single-molecule study47. To study 
protein folding in the presence of the E. coli ribosome, 
the authors attached the ribosome to a bead held in a 
micropipette (see panel d of the figure in BOX 1). In the 
presence of an in vitro translation system, this ribosome 
synthesized T4 lysozyme, which was then coupled to an 
optically trapped bead via a DNA handle. By compar-
ing the observed folding pathway to identical experi-
ments carried out in the absence of the ribosome, the 
influence of the ribosome on the folding pathway was 
assessed. Interestingly, although the presence of the ribo-
some reduced both the overall rate (down by more than 
100‑fold) and the overall yield of folded lysozyme (down 
nearly fourfold), the lysozymes that did fold assumed a 
more compact form. Thus, the authors concluded that 
the ribosome acts as a chaperone that slowly guides the 
proteins into properly folded structures.

Splicing and export
In eukaryotes, many RNAs need to be exported out of 
the nucleus: for example, for translation in the cyto-
plasm. Single-molecule studies have begun to reveal 

properties of transport through the nuclear pore com-
plex in permeabilized cells48–50 and of the individual 
nucleoporins in vitro51,52. For example, a two-colour 
super-registration microscopy approach was used to track 
mRNA transport in vivo53 (FIG. 3a). Interesting observa-
tions included the finding that individual mRNA mol-
ecules often scan multiple pores before being exported 
and that not all nuclear pore complexes (NPCs) are 
equally active in mRNA export. The authors were able 
directly to observe individual mRNAs being exported 
from the nucleus and to propose a kinetic model for 
export that suggests that docking to and release from 
the NPC, rather than transport through the central 
channel, are the rate-limiting steps53.

Several single-molecule studies of splicing, 
including of self-splicing introns, have used purified 
components and have revealed the dynamics of indi-
vidual steps in splicing54,55. In a recent study, individual  
spliceosomal subcomplexes were labelled in yeast 
whole-cell extract with different organic dyes, and 
using multicolour TIRF microscopy56 (BOX 2), the 
authors studied their assembly on fluorescently 
labelled, surface-immobilized precursor mRNA (pre-
mRNA) constructs (FIG. 3b). They were able to deduce 
the order and kinetics of spliceosome assembly and 
found that the assembly steps are reversible and that 
the assembly rates of the different components are 
similar, such that no particular step is strongly rate-
limiting. In the future, single-molecule methods have 
great potential to reveal further details of the various 
splicing pathways, including alternative splicing57,58.

Nuclear export and splicing both involve very 
large (>MDa) and complex protein or nucleoprotein 
assemblies (namely, the NPC and the spliceosome, 
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respectively) that pose substantial challenges to tradi-
tional high-resolution structure techniques and bulk 
biochemical assays. Overcoming these challenges and 
resolving the dynamics of these complex mechanochemical  
machines will continue to require new experimental 
approaches at the single-molecule level.

Replication
The different enzymes that act in concert to carry out 
DNA synthesis are collectively known as the repli-
some59–61. The architectural complexity of the replisome 
varies and encompasses four different proteins in bacte-
riophage T7 (REF. 62), eight proteins in bacteriophage T4 
(REF. 62), twelve in E. coli63 and even more in eukaryotes63. 
Our understanding of replisome dynamics has benefited 
from studies at the single-molecule level. In vitro, it has 
been possible to investigate the motor activity of indi-
vidual polymerases64 or individual helicases65–67 using 
magnetic or optical tweezers (BOX 1). In a recent study68, a 
combination of fluorescence spectroscopy together with 
optical trapping was used to investigate the polymeriza-
tion of single-strand binding protein (SSB), which has a 
key role in lagging strand replication. More recently, it 
has also become possible to study the activity of com-
plete replisomes in vitro at the single-molecule level, 
relying on either direct reconstitution (for phage T4 
(REF. 69), phage T7 (REF. 70) and E. coli71) or the use of cell 
extracts (for eukaryotic systems72). Such studies of com-
plete biological complexes should facilitate comparison  
with in vivo experiments.

Replication dynamics. To show how in vitro single-mol-
ecule assays can be used to probe the dynamics of repli-
cation, we briefly describe three recent studies that have 
focused on the interplay between helicase activity and 
primase activity. During replication, new primers need 
to be continuously synthesized to generate Okazaki frag-
ments. The ssDNA template used for priming is formed 
by the helicase as it unwinds duplex DNA. However, 
the primase synthesizes RNA primers in the opposite 
direction to fork progression. Three possible ways to 
coordinate this process have been suggested: pausing 
(which would lead to a cessation of unwinding); DNA 
looping (which would result from continued synthesis 
by both helicase and primase while they remain associ-
ated); and disassembly (in which primase and helicase 
dissociate from one another). A short DNA hairpin 
tethered in magnetic tweezers was used to investigate 
these models for the T4 primosome, in which the heli-
case and primase are thought to associate. For a given 
applied force, changes in the length of the DNA molecule 
provide information about changes in its conformation 
caused by the primosome complex. It was found that 
the T4 primosome uses both the disassembly and DNA 
looping mechanisms and has a preference for the lat-
ter in the context of a full replisome (FIG. 4A). Two other 
studies, which investigated priming dynamics for the T7 
replisome, used a flow-stretching assay70 and smFRET73, 
respectively. These studies revealed partially conflicting 
results. The flow-stretching assay study indicated that 
the primase slows down leading-strand synthesis suf-
ficiently to allow lagging-strand synthesis to keep up. 
However, the smFRET study concluded that the leading 
strand T7 replisome did not pause (in contrast to the 
observations in the flow-stretching assay study), that 
the leading strand synthesis is slower than the lagging 
strand synthesis, and that priming loops are formed on 
the lagging strand.
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Mechanochemical
A description of how the 
chemical reactions driving 
biological processes, such as 
ATP hydrolysis in a molecular 
motor, are coupled to 
mechanical motion: for 
example, translocation along a 
nucleic acid template.

Primosome
A protein complex consisting 
of a helicase and primase that 
is responsible for the synthesis 
of RNA primers during DNA 
replication.

Replisome stoichiometry. Both in vitro and in vivo 
single-molecule studies have recently shed new light 
on replisome stoichiometry. In a study using purified 
proteins74, it was proposed that the DNA Pol III holo-
enzyme contains three DNA Pol III cores — this was 
in contrast to earlier models that suggested there were 
only two (bound at the leading and lagging strands, 
respectively)75. Relying on the ability to localize indi-
vidual DNA-bound fluorescent proteins inside living 
cells76 (BOX 2), ten different components of the replisome 
were fluorescently labelled in separate E. coli strains 77 
(FIG. 4Ba). Analysis of the number of bleaching events 
(whereby each event is generated by a single labelled 
molecule) and their intensities allows determination 
of the number of molecules that are present within a 
diffraction-limited spot (FIG. 4Bb), and this enabled the 
authors to conclude that the E. coli replisome contains 
three DNA Pol III cores. More recent in vivo work has 
confirmed the observation of three DNA Pol III cores, 
with the caveat that the binding of the third polymer-
ase appeared to be transient78. A potential function for 
a third polymerase was investigated by using a single-
molecule flow-stretching assay (see panel d of the figure 
in BOX 1) together with a bulk bead-based assay79. The 
authors observed that a tripolymerase (tri-DNA Pol) 
replisome is more efficient at lagging-strand synthesis 
than its dipolymerase (di‑DNA Pol) counterpart (ssDNA 
gaps were observed in the di‑DNA Pol case) and that it 
also displays increased processivity. That is, the DNA 
fragments generated by the tri-DNA Pol were nearly 
twice as long as those from the di‑DNA Pol. From these 
in vivo and in vitro data, the presence of a third polymer-
ase seems plausible, but further investigations are neces-
sary to exclude other models and to determine the exact 
role of such a third polymerase in vivo80.

Challenges and future directions
What are the most interesting challenges that remain 
in our understanding of genomic processes? And how 
will single-molecule techniques continue to contribute 
to them? Will some single-molecule techniques become 
as commonplace as gel electrophoresis?

Challenges in molecular mechanisms. Many challenges 
remain in understanding genome processing at the 
molecular level. For example, although many molecular 
processes studied using single-molecule force spectros-
copy have involved the motion of molecular motors along 
a linear template, the double-stranded helical nature of 
DNA also means that there are important roles for rotary 
motion. For example, the unwinding activity of repli-
somes or RNA Pol proteins generates torsional stress in 
the DNA template, and sometimes this may not be dis-
sipated sufficiently rapidly by topoisomerases (reviewed 
in REF. 81). By analogy to the way in which force–velocity 
relationships have shed light on the mechanochemistry 
of linear motion, the measurement of torque–angular 
velocity relations can be used to investigate the mecha-
nochemistry of rotary motion for polymerases, helicases 
and other genome-processing enzymes. Such investi-
gations will be facilitated by the recent introduction of 

measurement techniques that report on torque and twist, 
such as magnetic torque tweezers82–86.

A separate challenge at the molecular level is to 
understand how the conformational dynamics of a 
molecular motor are linked to any physical displace-
ment it executes along a DNA or RNA track. Single-
molecule fluorescence techniques such as FRET (BOX 2) 
are ideal for the study of the nanometre-scale conforma-
tional changes that proteins undergo. To correlate these 
(internal) changes with physical displacement along the 
track of the motor, a feasible approach is the integration 
of fluorescence spectroscopy with force spectroscopy. 
Initial efforts along these lines have been published87–89. 
In addition to monitoring the conformational changes 
of an enzyme during translocation along a DNA track, 
such approaches could concurrently investigate the 
coordination of ATP hydrolysis.

Increasing complexity. An ongoing challenge is to apply 
in vitro single-molecule techniques to increasingly com-
plex biological systems. As well as investigating single 
molecular motors in isolation, motors can be studied as 
a part of reconstituted protein complexes, as in the case 
of DNA replication. Alternatively, the interplay between 
different types of molecular motors could be studied, 
as in the coordination between transcription and trans
lation. The influence of more complex substrates (such 
as chromatin) and their influence on genomic processing 
is another interesting challenge. A possible approach is 
to examine protein activity in cell extracts56,72,90, whereby 
the proteins of interest will have the appropriate post-
translational modifications and native binding partners. 
However, technical challenges, such as unwanted fluores-
cence background or unwanted adsorption will need to 
be overcome. An alternative approach towards studying 
protein assemblies consists of purifying molecular com-
plexes by immunoprecipitation and selectively adsorbing 
them onto surfaces for in vitro analysis91,92. This could 
improve understanding of molecular assemblies, such 
as the RNA-induced silencing complex (RISC) and  
proteins grouped onto telomeres.

Single-molecule techniques could also be harnessed 
to investigate genome processing over a much wider 
range of sequences than would typically be considered, 
potentially up to full genomic coverage. At present, 
this is the case for single-molecule DNA sequencing, 
in which genome sequences are determined by single-
molecule fluorescence measurements of a large number 
of genome segments in parallel. Potentially, different 
parts of the genome could be interrogated at the single-
molecule level to ascertain details such as their mechani-
cal properties, transcription efficiency and transcription 
dynamics through single-molecule force spectroscopy or 
single-molecule fluorescence, or a combination thereof. 
These investigations and those of more complex biologi-
cal systems discussed in the previous paragraph benefit 
from increased parallelization of single-molecule read-
outs. In certain approaches, such as TIRF microscopy, 
parallel readout is already the standard approach, but in 
other approaches, such as magnetic tweezers, it has only 
recently become more widely available93.
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Studies of living cells. Given that genomic processing 
in its full complexity occurs in the context of living 
cells, the ultimate goal is to observe and to manipulate 
molecular processes in vivo at high spatial and tempo-
ral resolution. To demonstrate some of the possibili-
ties, FIG. 5 depicts a range of genomic interactions that 
take place in and around the nucleus of a eukaryotic 
cell together with ways in which they might be probed 
using single-molecule methods. The DNA itself has an 
overall architecture that depends on the state of the cell 
cycle; a rapid and detailed series of snapshots of the 
entire architecture would be of great interest to facilitate 

understanding of, for example, the influence of architec-
ture on transcriptional patterns. Already, fluorescence 
spectroscopy has been used for spatial calibration of 
chromosome capture data to aid mapping of the three-
dimensional architecture of the Caulobacter crescentus 
genome94. Super-resolution microscopy has made it pos-
sible to resolve the architecture of the bacterial genome 
in fixed cells to better than 100 nm95, and there will 
no doubt be further improvements. It could also be of 
interest to monitor local stress and strain in DNA intra-
cellularly; a FRET sensor integrated into the DNA could  
potentially fulfil such a role.

Transcription:
RNA being
synthesized
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RNA aptamers
RNA molecules that specifically 
bind to a target molecule.
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